
Chlorophyll biosynthesis is fundamental for the for-

mation of the photosynthetic apparatus that ensures pho-

tosynthesis and, consequently, the existence of the bio-

sphere. Biosynthesis of chlorophyll from its precursor,

protochlorophyll(ide), can proceed through two path-

ways. A more primitive pathway is light-independent

(dark) transformation of protochlorophyll(ide) to chloro-

phyll(ide). The dark chlorophyll synthesis from the pre-

cursor was observed in cyanobacteria, green algae, moss-

es, ferns, and gymnospermous plants. The other pathway

includes a finely regulated terminal stage of chlorophyll

biosynthesis from the precursor and is accomplished dur-

ing the light-dependent reaction (this pathway operates in

all higher plants, some lower plants, and gymnosperms).

The light-dependent terminal stage of chlorophyll

biosynthesis has long been a matter of keen interest. For

example, the instant appearance of green color during

illumination of dark-grown (etiolated) seedlings can be

seen with the naked eye.

The immediate precursor of chlorophyll is pro-

tochlorophyll, specifically, its phytol-free form, pro-

tochlorophyllide (Pchlide). The chlorophyll(ide) and

protochlorophyll(ide) structures (Fig. 1) were established

by Fischer in a series of studies based on analytical and

synthetic approaches [1-3].

Chlorophyll and its precursor are magnesium-con-

taining porphyrins. These molecules are closed

tetrapyrroles with a system of conjugated double bonds

(pyrrole rings A, B, C, and D). Four pyrrole rings are

linked with methine bridges; the periphery of the large

ring carries eight substituent groups. The additional

homocyclic ring E contains carbonyl oxygen and

methanol-esterified carboxylic group. The protochloro-

phyll(ide) molecule differs from chlorophyll(ide) by the

absence of two hydrogen atoms at positions 17-18 in the

fourth pyrrole ring (ring D) of the macrocycle (Fig. 1) [1-

3]. Thus, the terminal stage of chlorophyll biosynthesis is

based on the photochemical hydrogenation of a semi-iso-

lated double bond C17=C18 in the precursor molecule.

The reduction of this bond in the porphyrin macrocycle

alters the molecule symmetry and the absorption spec-

trum causing a sharp increase of the long-wavelength

band in the red spectral region. The new property of the

ISSN 0006-2979, Biochemistry (Moscow), 2007, Vol. 72, No. 13, pp. 1458-1477. © Pleiades Publishing, Ltd., 2007.

Original Russian Text © O. B. Belyaeva, F. F. Litvin, 2007, published in Uspekhi Biologicheskoi Khimii, 2007, Vol. 47, pp. 189-232.

REVIEW

1458

Abbreviations: Pchl) protochlorophyll; Pchlide) protochloro-

phyllide; PLB) prolamellar bodies; POR) protochlorophyllide

oxidoreductase; PS1, PS2) photosystems 1 and 2, respectively.

* To whom correspondence should be addressed.

Photoactive Pigment–Enzyme Complexes

of Chlorophyll Precursor in Plant Leaves

O. B. Belyaeva* and F. F. Litvin

Faculty of Biology, Lomonosov Moscow State University, 119991 Moscow, Russia; E-mail: olgabelyaeva@mail.ru

Received November 22, 2006

Abstract—This review summarizes contemporary data on structure and function of photoactive pigment–enzyme complex-

es of the chlorophyll precursor that undergoes photochemical transformation to chlorophyllide. The properties and func-

tions of the complex and its principal components are considered including the pigment (protochlorophyllide), the hydro-

gen donor (NADPH), and the photoenzyme protochlorophyllide oxidoreductase (POR) that catalyzes the photochemical

production of chlorophyllide. Chemical variants of the chlorophyll precursor are described (protochlorophyllide, pro-

tochlorophyll, and their mono- and divinyl forms). The nature and photochemical activity of spectrally distinct native pro-

tochlorophyllide forms are discussed. Data are presented on structural organization of the photoenzyme POR, its substrate

specificity, localization in etioplasts, and heterogeneity. The significance of different POR forms (PORA, PORB, and

PORC) in adaptation of chlorophyll biosynthesis to various illumination conditions is considered. Attention is paid to struc-

tural and functional interactions of three main constituents of the photoactive complex and to possible existence of addi-

tional components associated with the pigment–enzyme complex. Historical aspects of the problem and the prospects of

further investigations are outlined.

DOI: 10.1134/S0006297907130044

Key words: chlorophyll biosynthesis, photoreduction of protochlorophyllide, protochlorophyllide oxidoreductase, pig-

ment–protein complexes



PHOTOACTIVE PIGMENT–ENZYME COMPLEXES OF CHLOROPHYLL PRECURSOR 1459

BIOCHEMISTRY  (Moscow)   Vol.  72   No.  13   2007

chromophore (chlorine type) not only increases the

capacity of the molecule for light absorption in a broad

spectral region, but also determines its functional activi-

ty: trapping light energy, excitation energy transfer, and

charge separation in photosynthetic reaction centers.

The inclusion of a light-dependent stage providing

for regulated rates of biosynthesis can be considered as an

important evolutionary advance of all higher plants. The

light stage allows regulation of not only chlorophyll

biosynthesis but also the whole plant development. Seed

germination and shoot emergence are accompanied by

rapid (a few hours) formation of the complete photosyn-

thetic apparatus that makes the plant capable of self-suf-

ficient autotrophic life.

In early studies, the terminal stage of chlorophyll

biosynthesis was considered in a purely chemical aspect,

as an elementary photochemical reaction that accom-

plishes the construction of the pigment molecule.

However, the progress of these investigations led to recog-

nition that the reaction participants, similarly to those in

photosynthesis, are sophisticated pigment–protein com-

plexes rather than isolated chromophores. The problem

of chlorophyll biosynthesis is integrated into a more gen-

eral problem of biogenesis of functionally active struc-

tures of the photosynthetic apparatus. In this connection,

a question arises on specific pathways involved in biogen-

esis of pigment–protein complexes of the antenna and

reaction centers of two photochemical systems of photo-

synthesis.

The conversion of protochlorophyllide to chloro-

phyllide has been realized comparatively recently in arti-

ficially assembled complexes. However, the phototrans-

formation of pigment–protein complexes in plant leaves

turned out to be much more complicated than in the

model systems.

According to schemes proposed by various authors,

chlorophyll biosynthesis in the live cell is a branched mul-

tistage process that includes several pathways for transfor-

mation of chlorophyll precursor complexes to pig-

ment–protein complexes of chlorophyll. The complexity

of chlorophyll photobiosynthesis in the live cell is largely

determined by the structure, condition, and heterogene-

ity of chlorophyll precursor pigment–protein complexes

produced prior to the light-dependent stage. This review

considers the structure and function of photoactive pro-

tochlorophyll(ide) complexes and their role in chloro-

phyll formation.

HISTORICAL VIEW ON STUDIES

OF PROTOCHLOROPHYLL

PIGMENT–PROTEIN COMPLEX

The discovery of chlorophyll precursor and early

studies of its conversion to chlorophyll are largely due to

Russian scientists K. A. Timiryazev, N. A. Monteverde,

and V. N. Lyubimenko (a short historical survey of stud-

ies by Russian investigators is presented in [4]).

A characteristic feature of chlorophyll formation is

its exclusive occurrence in integral biological systems

such as leaves and leaf homogenates. The photochemical

conversion of protochlorophyll(ide) to chlorophyll(ide)

in simple systems (solutions) has not been realized so far.

Already the earliest studies established that chlorophyll

biosynthesis occurs in specialized native complexes of the

pigment and some carrier providing for physiological

activity and spectral properties in vivo. Lyubimenko put

forward an idea that specificity of protochlorophyll and

chlorophyll in plants is determined by the existence of

some pigment–protein compound [5, 6]. Physiologically

active native complexes were termed holochromes (from

Greek words “holos”, whole and “chroma”, color) [7, 8].

Krasnovsky and Kosobutskaya were the first to extract

these active complexes of protochlorophyllide in aqueous

medium [9, 10]. In thus obtained “colloid solutions” of

the substance from etiolated leaves, protochlorophyll had

a characteristic absorption band at 637 nm, whereas the

absorption spectra of whole etiolated leaves contained

also the long-wavelength maximum at 650 nm.

Protochlorophyll in colloid solutions retained its physio-

logical activity and transformed to chlorophyll under the

action of light.

Smith [8, 11] succeeded in isolating a protochloro-

phyll–protein complex using glycerol. The position of

main absorption bands in isolated “protochlorophyll–

holochrome” particles depended on plant species and

temperature conditions during the isolation procedure.

Smith and Benitez [12] investigated temperature depend-

ence of protochlorophyll to chlorophyll conversion and

found that the temperature coefficient for inactivation of

this reaction was the same as the temperature coefficient

for denaturation of some proteins. In later studies, pro-

tochlorophyll–protein complexes were obtained by

a b

Fig. 1. Structures of (a) protochlorophyll(ide) and (b) chloro-

phyll(ide) molecules. R1 is CH2–CH3 for the monovinyl pigment

form and CH=CH2 for the divinyl form. R2 is C20H39 for pro-

tochlorophyll and chlorophyll and a hydrogen atom for pro-

tochlorophyllide and chlorophyllide.
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means of differential centrifugation [13-17]. The absorp-

tion spectra of these complexes were similar to the spec-

trum of whole etiolated leaves (maxima at 637 and

650 nm); however, the short-wavelength peak was more

intense.

Later works established that the chlorophyll precur-

sor in plant leaves is a phytol-free pigment form, pro-

tochlorophyllide, and that the photochemical reaction

represents the transformation of protochlorophyllide to

chlorophyllide [18, 19].

PHOTOENZYME

NADPH-PROTOCHLOROPHYLLIDE-

OXIDOREDUCTASE (POR)

Experiments performed in the 1970s in the laborato-

ry of Prof. Griffiths at the University of Bristol clarified

the nature of the hydrogen donor in the reaction of pro-

tochlorophyllide photoreduction and the composition of

the active pigment complex. Griffiths found that the

addition of NADPH to etioplast membranes from maize

and barley seedlings resulted in transformation of inactive

protochlorophyllide (absorption maximum at 630 nm) to

its active forms with absorption maxima around 640 and

652 nm [20, 21]. He considered possible formation of the

active ternary complex NADPH–protein–Pchlide, in

which NADPH serves as a reductant for the conversion of

Pchlide to chlorophyllide [20]. By applying exogenous

protochlorophyllide and tritium-labeled NADPH,

Griffiths and Mapleston [22] detected the formation of

tritium-labeled chlorophyllide in preparations of etioplast

membranes. This provided direct evidence that NADPH

serves as a specific reducing agent during photoenzymat-

ic formation of chlorophyllide in vivo. Based on detailed

investigation of Pchlide photoreduction in an artificial

active complex composed of protochlorophyllide,

NADPH, and barley etioplast membranes, Griffiths

introduced the term protochlorophyllide oxidoreductase

(POR) for the enzyme catalyzing photoreduction of pro-

tochlorophyllide [23].

It was initially supposed that the photoenzyme POR

is specific for angiosperms. POR is now known to be a

universal photoenzyme occurring in all plant species,

from cyanobacteria to higher plants [24-26]. Recent

advances in molecular biological methods, including

genetic engineering technologies, provided valuable data

concerning the structure of the protein counterpart in the

active pigment–protein complex of chlorophyll precursor.

The molecular mass of the POR polypeptide, 36 kD,

was determined independently by Oliver and Griffiths

[27] and Apel et al. [28]. Gel electrophoresis data

revealed two POR polypeptides with molecular masses of

35 and 37 kD [29].

POR is encoded in the nucleus and translated to the

cytoplasm as a high-molecular-weight precursor (41-

44 kD) [30], which is then imported into the plastids

through the envelope membranes [30-32]. The transit

peptide (about 8 kD) is cleaved off by the stromal pepti-

dase, which gives rise to the enzyme with molecular mass

of about 36 kD.

Molecular Structure

The analysis of amino acid sequence [33, 34] and

secondary structure of POR [35] showed that this enzyme

belongs to the family of short-chain alcohol dehydroge-

nases within the enzyme superfamily “RED”

(reductases – epimerases – dehydrogenases), also known

as the SDR superfamily (short-chain dehydrogenases-

reductases) [33, 36].

The enzymes of this family are mainly homodimers

and homotetramers [37]. They catalyze NADP(H)- and

NAD(H)-dependent reactions, including the transfer of

hydride-ion and proton. For some members of this

enzyme family, the crystal structure was determined [38,

39], and these enzymes were used as a template for the

creation of POR homology model [40]. The authors sug-

gested a three-dimensional structural model for the ter-

nary complex Pchlide–NADPH–POR of Synechocystis

based on structural homology between POR and the RED

superfamily proteins (Fig. 2). Two main features distin-

guish POR from other members of the short-chain dehy-

drogenase-reductase family: (i) porphyrin is used as a

substrate; (ii) the enzyme activity is strictly light depend-

ent.

The primary structure of POR was first determined

from the complementary DNA of barley POR gene

cloned in Escherichia coli. The POR sequence contains

388 amino acid residues, and the transit peptide consists

of 74 residues [41]. The sequence is characterized by high

content of basic amino acid residues and large proportion

of hydrophobic amino acids. All POR proteins from high-

Fig. 2. Model of POR secondary structure [40]. The structure con-

sists of the central parallel β-sheet comprising seven β-strands and

surrounded with nine α-helices. The unique feature of POR com-

pared to other members of RED superfamily is the existence of an

external loop (33 amino acid residues) between the fifth and the

sixth β-strands (marked by red color). NADPH is harbored

through the N-terminal part of the enzyme molecule.
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er plants contain four conservative Cys residues (119,

170, 280, and 307), except for the pea POR containing

Asp at position 170. In green algae and cyanobacteria,

POR has an additional non-conservative cysteine residue.

At least one of conservative cysteine residues, probably

Cys307, might be involved in Pchlide binding, as indicat-

ed by experiments with the use of labeled N-phenyl-

maleimide [31, 42]. The enzyme active site is bound to

C17 propionate group of Pchlide by electrostatic interac-

tions [43].

Secondary Structure of POR

The secondary structure of the enzyme was deduced

from circular dichroism spectra in the UV region [35].

The studies on purified monomeric POR have shown the

presence in the protein of 33% α-helices, 19% β-sheets,

20% turns, and 28% random coil. The unique property of

POR compared to other members of the RED superfam-

ily is the presence of an external hydrophobic loop con-

sisting of 33 amino acid residues between the fifth and the

sixth β-strands. Based on analogy with other enzymes

from the group of short-chain alcohol dehydrogenases,

whose structure was deduced from X-ray crystal analysis,

researchers proposed that protochlorophyll oxidoreduc-

tase comprises the central parallel β-sheet composed of

seven β-strands, which is surrounded by nine α-helices

[40, 44]. The homology model of POR from Synechocystis

was constructed using 7α-hydroxysteroid dehydrogenase

of E. coli as a structural template (Fig. 2) [40]. The model

characteristics correspond to a globular soluble protein

whose N-terminal region contains a specific NADPH-

binding narrow fold, termed the Rossman fold. Although

the precise function of a broad hydrophobic external loop

(red line on the figure) is not clear, this loop is thought to

ensure Pchlide binding, protein–protein interactions, or

the linkage of the enzyme to the membrane (enzyme

anchoring) [35].

Comparatively recent studies revealed that active

POR in vivo exists in aggregated (dimeric) state [45, 46].

The authors suggest that the dimeric state of POR facili-

tates the aggregation of Pchlide.

Active Site of POR

In the last few years, considerable efforts were aimed

at elucidating the mechanism of Pchlide photoreduction

with the use of artificial (reconstituted) ternary complex-

es comprising constituents of natural complexes (Pchlide,

NADPH, and the photoenzyme POR). Analysis of

Pchlide photoreduction in reconstituted ternary com-

plexes as a function of the substrate and enzyme concen-

trations showed that one pigment molecule in vitro is

associated with the POR monomer [46, 48]. The quanti-

tative analysis of pigment and protein content in oat etio-

plasts has shown that the Pchlide/POR ratio (mol/mol) in

vivo is also close to unity [49].

In the family of short-chain alcohol dehydrogenases,

the substrate is reduced by hydride-ion supplied from

NADPH after its fixation deep in the substrate-binding

cleft near the conservative tyrosine and lysine residues

involved in proton transfer to the substrate. Using trans-

genic photosynthetic bacteria Rhodobacter capsulatus

with overexpression of pea POR gene, Wilks and Timko

[34] observed that the replacement of Tyr275 and Lys279

with Cys and Arg, respectively, led to the loss of the

enzyme activity. In this respect, POR differs from the

dehydrogenases whose activity was retained after such

substitution. Apparently, the porphyrin-binding site in

POR is more rigid than the substrate-binding site in dehy-

drogenases. The authors proposed that tyrosine might act

as a proton donor, whereas the lysine residue is crucial for

lowering pKa of Tyr275; i.e., it facilitates deprotonation of

the tyrosine phenol group. Wilks and Timko suggested the

model for the catalytic mechanism of Pchlide photore-

duction by oxidoreductase in the active center of the ter-

nary complex (Fig. 3); the model is based on comparison

with short-chain alcohol dehydrogenases whose structure

is known. According to this model, the position of por-

phyrin ring D is fixed against NADPH and Tyr275, which

optimizes the possibility for hydride-ion and proton

transfer. The proton of tyrosine phenol group arrives at

the C18 atom of the Pchlide molecule, whereas the

hydride-ion is transferred from NADPH to the C17 posi-

tion.

The role of the conservative lysine residue in POR

activity was confirmed by studies on Pchlide photoreduc-

Fig. 3. Suggested model of the catalytic mechanism for pro-

tochlorophyllide oxidoreductase in the active center of ternary

complex Pchlide–POR–NADPH. Interaction of complex com-

ponents is shown as in [34].
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tion in reconstituted ternary complexes with POR from

Synechocystis sp. [50]. The authors favor the view that the

conservative lysine residue is involved in binding of

NADPH cofactor.

Lebedev et al. [51] examined photoreduction of pro-

tochlorophyllide in reconstituted ternary complexes

(Pchlide, POR, and NADPH) by means of spectral meth-

ods and directed mutagenesis of pea POR (replacements

of Tyr275 and Lys279 with Phe and Ile). The results of

this work confirmed the significance of Tyr275 and

Lys279 for bringing the pigment–protein complex into

the photoactive state; however, these amino acids had no

crucial role in the binding of the substrate or the cofactor.

The authors suppose that Tyr275 and Lys279 provide for

the proper (required for the photoreaction) coordination

of NADPH and Pchlide in the enzyme catalytic site and

thereby control the efficiency of the formation of the

POR photoactive state. Since the replacement of amino

acids having polar (Tyr) or charged (Lys) R-group with

amino acids bearing nonpolar R-group disturbed spectral

properties of the complex and decreased its capacity of

formation the photoactive state, the authors emphasize

particular significance of POR surface charge in creating

optimal conformation for the photoreaction.

Substrate Specificity of POR

Etiolated plant leaves contain several chemically dif-

ferent chlorophyll precursors: phytol-free protochloro-

phyllide; protochlorophyll esterified with phytol or its

precursors (geranylgeraniol, dihydrogeranylgeraniol, and

tetrahydrogeranylgeraniol), as well as mono- and divinyl

forms of these pigments. These pigment forms differ in

photochemical activity depending on their ability to

interact with the POR enzyme. The specificity of POR to

the substrate in vitro was investigated in experiments with

isolated enzyme. It turned out that the protochloro-

phyll(ide)–POR binding and photochemical activity of

the complex depend critically on certain atomic groups in

the pigment molecule. Klement et al. [49] examined pho-

toreduction of Pchlide derivatives in artificial complexes

with NADPH and POR in order to assess the substrate

specificity of POR. They analyzed 13 protochloro-

phyll(ide) analogs. Six of these analogs having various

side groups in rings A and B behaved as active substrates,

whereas other analogs with substituted side chains in rings

D and E lost their capacity of being the POR substrate. It

was found that at least three sites of the pigment molecule

play the key role in the pigment binding to the enzyme

active site, namely, the central metal atom, propionic acid

(in the side chain of ring D), and the ring E structure.

Based on various data concerning the protochloro-

phyll(ide) molecule, Schoefs and Franck [52] presented a

schematic view of its chemical features essential for the

pigment molecule to act as a POR substrate (Fig. 4).

It turned out that the isolated POR is able to reduce

protochlorophyllide a but not protochlorophyll (esteri-

fied pigment form) [20, 43, 53, 54]. The activity of the

complex depended crucially on the size and the nature of

the side group at C17 position. This group should be a

propionic acid holding a free carboxylic group at C17

position. Longer alcohol chains like phytol or an acrylic

group prevent the photoreduction of the pigment [49,

55]. The replacement of side-chain propionate in ring D

with methyl ester of propionic acid or with acrylate

diminished the photochemical activity [49]. The ionic

bond between acrylate and the enzyme is still possible,

but this bond is more rigid than the bond with propionate.

However, there are some exceptions from this rule. For

example, the POR isolated from C-2A mutant of

Scenedesmus obliquus green alga was competent in reduc-

ing protochlorophyllide esterified by long-chain alcohol

[56]. Ignatov and Litvin studied photoreduction of ester-

ified long-wavelength protochlorophyll form (Pchl

682/672) in mutant chlorella cells and found that this

protochlorophyll form is capable of conversion to the

long-wavelength chlorophyll form [57, 58]. The authors

supposed that algae probably contain a specific POR form

that catalyzes photoreduction of esterified molecule of

chlorophyll precursor. Remarkably, some evidence that

esterified protochlorophyllide is able to produce chloro-

phyll was obtained in earlier studies [59-67], but the effi-

ciency of this transformation was very low.

Both mono- and divinyl protochlorophyllide forms

can act as the POR substrate. The side group at the C8

position can be either vinyl (DV-Pchlide) or ethyl (MV-

Pchlide) [68-70]. The side group at the C7 position can be

Fig. 4. Principal positions at porphyrin ring of protochlorophyllide

molecule required for POR activity. Frames indicate chemical

groups responsible for the POR-mediated photoreduction of sub-

strate [52].
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either methyl, as it occurs in protochlorophyllide a, or

aldehyde as in protochlorophyllide b [54]. However, the

existence of protochlorophyllide b in etiolated plant

leaves is the subject of controversy.

The central Mg2+ atom plays an important role in

Pchlide binding to POR. The replacement of Mg2+ with

other metals (except for Zn2+) leads to the loss of the

complex activity. Upon the replacement of magnesium

with zinc, the ternary complex retained its activity [43,

71, 72].

The activity of ternary complex depends largely on

the structure and steric configuration of ring E (the

enzyme-binding site) in the Pchlide molecule [49].

Protochlorophyllide with chemical modifications of ring

E at positions C131 and C132 is unable to act as the POR

substrate [49]. Alteration in stoichiometry of -H and

-CO2CH3 groups at the position C132 [49, 73] also

inhibits the Pchlide photoreduction. These pigment mod-

ifications eliminated the ability to produce enolates by

means of keto-enol tautomerization. Based on these data,

the authors concluded that the formation of enolates

through keto-enol tautomerization is necessary for the

photoreaction. Thus, protochlorophyllide a′ (a stereoiso-

mer at the position C132) cannot be used as a POR sub-

strate. Hence, the chlorophyll a′ known to function in the

reaction center of PS1 should apparently derive from

chlorophyll rather than from protochlorophyll [74].

Considering the assumption that the Rossman fold

in the POR protein represents the active site, like in

homological alcohol dehydrogenases [34], the fixation of

rings D and E at the bottom of this fold is consistent with

experimental data obtained in [49].

HETEROGENEITY OF PROTOCHLOROPHYLLIDE

OXIDOREDUCTASE

As mentioned above, Oliver and Griffiths [29] inves-

tigated POR from pea and bean plants with gel elec-

trophoresis and observed two bands containing polypep-

tides with molecular masses of 35 and 37 kD. However,

for a series of plant species, only a single POR polypep-

tide was found in early studies. According to various data,

the POR size ranged in different species from 33 to 38 kD

[29, 30, 75, 77-79]. The application of isoelectric focus-

ing revealed the existence of at least four different species

of protochlorophyllide reductase [76, 80].

In 1995 researchers from Apel’s laboratory reported

that Arabidopsis thaliana and barley contain two types of

nuclear genes coding for POR: PorA and PorB (with 75%

homology) [81, 82]. In consistency with this, two corre-

sponding POR forms were termed PORA and PORB. The

molecular mass for PORB (37 kD) is somewhat higher

than for PORA [83]. The biochemical activity of PORA

and PORB was demonstrated in vivo using transgenic

plants with overexpression of these enzymes [84-87].

The expression of the PorA gene was observed in eti-

olated seedlings; hence, PORA is synthesized in darkness

and is the main constituent of paracrystalline prolamellar

bodies in etioplasts. However, the transcription of PorA

gene ceases in the light, and the enzyme degrades rapidly

(during the first 4 h of greening) under the action of light-

induced protease [88-90]. On the other hand, the tran-

scription of PorB gene occurs both in darkness and in the

light, while the subsequent continuous translation pro-

duces the enzyme responsible for biosynthesis and accu-

mulation of chlorophyll under daylight illumination. The

transport of cytoplasmic PORA precursor into the plas-

tids is a protochlorophyllide-dependent process, whereas

the translocation of PORB precursor is not [85]. Analysis

of POR gene expression in light-grown arabidopsis and

barley plants as a function of their age has shown that

PorA is expressed almost exclusively in young seedlings,

while the expression of PorB occurs both in seedlings and

mature plants [81, 91]. Since etiolation and formation of

prolamellar bodies is a part of the natural diurnal

dark–light cycles, one may expect that PORA and PORB

play a certain role during biosynthesis and accumulation

of chlorophyll a under natural photoperiodic conditions.

The formation of etioplast prolamellar bodies and the

active form of protochlorophyllide, Pchlide 655/650 is

related to the presence of POR. The role of two POR vari-

eties in the formation of photoactive structures was inves-

tigated using A. thaliana mutants deficient in prolamellar

bodies and Pchlide 655/650 after overexpression of both

POR genes [85]. The results proved that restoration of

both PORA and PORB gives rise to formation of etio-

plasts with large prolamellar bodies and elevates the con-

tent of photoactive Pchlide 655/650. The authors con-

cluded that both enzymes (PORA and PORB) are

responsible for etioplast differentiation.

The number of POR genes differs in various plant

species. In prokaryotes, only PORB was observed, apart

from the structurally unbound enzyme catalyzing pro-

tochlorophyllide reduction in darkness. In seed plants

(Spermatophyta), PORA is acquired in addition to PORB.

In A. thaliana, only PorA and PorB genes were initially

observed, while further studies revealed the existence of

the third gene PorC (see below). The leaves of loblolly pine

(Pinus taeda) were found to contain two families of Por

genes: the porA family includes two genes, while the porB

family comprises at least 11 genes [92]. The appearance of

more than one gene is not a common rule. Only one gene

was observed in some cyanobacteria [93, 94], green algae

[95], cucumber green leaves [96], and pea [97].

Recent studies unveiled a third POR variety. During

sequencing of the A. thaliana genome, a gene was identi-

fied that encoded a new, previously unknown POR-like

protein [98, 99]; this protein was named PORC. The

molecular mass of this protein is 38 kD [83]. Unlike PorA

and PorB, the PorC gene was not expressed in etiolated

leaves; the accumulation of the respective mRNA started
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immediately after the onset of illumination [98, 99].

Similar results were obtained earlier for POR of cucum-

ber [100] and Marchantia [101]. Regarding the function-

al role of PORC, the question arose of whether this

enzyme is redundant or whether it facilitates plant adap-

tation by adjusting chlorophyll biosynthesis to various

light conditions. After expressing the PorC gene in E. coli,

the activity of PORC was detected in vitro [99]. It was

found that PORC activity (similarly to PORA and PORB

activities) depends on availability of light and NADPH.

In mature light-adapted plants, only mRNA of PORB

and PORC were identified. The difference between

PORB and PORC was observed in seedlings grown under

continuous white light. After the transfer of such plants to

darkness, the content of PORC mRNA decreased rapidly

to indiscernible level, while the content of PORB mRNA

remained unchanged. Upon the exposure of plants to

light of various intensities, the amount of PORB mRNA

remained constant, while the content of PORA and

PORC mRNA varied depending on light intensity.

Appreciable amounts of PORA mRNA were only

observed in seedlings grown under low-intensity light and

were absent at high irradiance, whereas the content of

PORC mRNA increased with light intensity. These differ-

ential responses to light led to the suggestion that A.

thaliana possesses all three functional POR forms. These

forms allow the plant to meet demands in chlorophyll

biosynthesis in a selective manner through preferential

use of one of three enzymes under different light regimes.

These conclusions were substantiated by studies on A.

thaliana mutants deficient in synthesis of PORB or PORC

[83, 102]. In etiolated seedlings of the porB mutant, the

protochlorophyllide photoactivity was comparatively low

and prolamellar bodies had small dimensions. When

exposed to light, etiolated seedlings of porB mutant syn-

thesized chlorophyll to the same extent as the wild type

plants; however, the capacity of chlorophyll synthesis

decreased markedly under low-intensity illumination.

The greening of mutant plants deficient in PORC was

suppressed with the increase in light intensity. This obser-

vation led to the conclusion that accumulation of PORC

during greening at high irradiances protects etiolated

seedlings against damaging action of light. The authors

supposed that PORB also performs the protective func-

tion during greening, because etiolated seedlings of porB

mutants were more sensitive to inhibition of greening by

far-red light than the wild type seedlings.

Thus, it is presently established that plant leaves con-

tain three forms of protochlorophyllide oxidoreductase

(PORA, PORB, and PORC) encoded by different genes.

These proteins are quite similar in structure, as evidenced

by high homology of their amino acid sequences [98] and

similar molecular masses (36, 37, and 38 kD, respective-

ly).

At the same time, the synthesis of three POR species,

like synthesis of corresponding mRNA, is differentially

regulated by light. The transcription of PorA is strongly

inhibited by light; transcription of PorB is stimulated by

light during de-etiolation but is insensitive to irradiance

upon growing plants under continuous white light [81,

82]. The transcription of PorC was indiscernible in dark-

ness, but it increased during illumination and was stimu-

lated by high-intensity light [98, 99, 102].

It is remarkable that organisms having only one POR

gene exhibit various dependences of enzyme transcription

on light conditions. Depending on plant species, light

either has no effect [97, 103] or stimulates [96, 100] or

inhibits [104] the POR transcription. Further studies of

photoregulated biosynthesis of POR and protochloro-

phyllide might clarify the origin of these distinctions.

LOCALIZATION OF ACTIVE COMPLEX

IN PLASTIDS AND ASSOCIATION

OF PHOTOENZYME WITH MEMBRANES

The first attempt to elucidate the localization of

protochlorophyllide was undertaken by Boardman and

Anderson (1964) with the use of fluorescent microscopy

[105]. These authors discovered that fluorescence in etio-

plasts is distributed not evenly but concentrates in a lim-

ited region, which they called the “stroma center”. The

ultrastructure of etioplasts was investigated by means of

electron microscopy [106, 107]. These studies revealed

tubular membranes arranged in a paracrystalline struc-

ture, which were termed “prolamellar bodies” (PLB).

Since that time the “stroma center” was renamed to

PLB.

The lamellar membranes surrounding PLB were

named “prothylakoids” (PT). Later studies based on light

spectroscopy [108, 109], biochemical analyses [110], and

immunoenzyme assays [111, 112] showed that POR and

the active protochlorophyllide form Pchlide 655/650 are

mainly localized in prolamellar bodies, although their

minor quantities are also detected in membranes of stro-

mal prothylakoids. Interestingly, the POR of prothy-

lakoids turned out more resistant to photodestruction

compared to POR located in PLB [111]. Other authors

confirmed later the correlation between the POR content

and PLB formation [87]. However, in young (2- or 3-day-

old) etiolated leaves, where prolamellar bodies were not

yet formed [113], the active protochlorophyllide form was

concentrated in prothylakoids.

The photoenzyme POR is not an integral membrane

protein; it can be classified as a peripheral membrane

protein located on the stromal thylakoid side, because the

POR hydrophobic part contains no apparent region suffi-

ciently long for spanning the membrane [24, 31, 79, 97,

114-116]. The peripheral nature of POR is also supported

by its solubilization at low concentrations of detergent (n-

octyl-β-D-glucoside), which is typical of exposed mem-

brane proteins [49].
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Immunological analysis of chloroplasts from light-

adapted plants and green algae has shown that POR and

Pchlide are localized on the stromal side of thylakoid

membranes and in the chloroplast envelope membrane

[117-121]. The activity of POR in protochlorophyllide

photoreduction was observed under illumination of

chloroplast envelope membranes in the presence of

NADPH [118, 122]. Dahlin et al. [119] investigated POR

import into pea chloroplasts in vitro and concluded that

POR attaches to the stromal side of thylakoid membranes

as a peripheral protein. The distribution of POR between

stromal thylakoids and the inner membranes of chloro-

plast envelopes appears to depend on the plant species

[120].

Association of POR with Membranes

Analysis of the secondary structure of POR [35] sug-

gested that POR binds to the membrane via the

amphiphilic segment located in the C-terminal protein

region containing a tryptophan residue. Alternatively, the

binding might involve a long extra loop located in the

region responsible for enzyme “anchoring” [35].

Aronsson et al. [123, 124] examined pea mutants with

deletions in the C-terminus of POR and showed that

amino acids of this region (starting from the 362nd

residue) are indispensable for the binding of POR to the

membrane and, apparently, it is the C-terminus that

anchors POR at the membrane.

Already in 1993, Teakle and Griffiths put forward a

proposal on the electrostatic nature of bonds between

POR and the membrane [31]. In the last few years, a

series of reports appeared concerning significance of sur-

face charge attributed to POR amino acid residues for

POR binding to thylakoids [51, 125]. The replacement of

charged amino acids with neutral alanine by means of

mutagenesis [125] showed that the amino acid substitu-

tion in the protein central part (between the 86th and

342nd residues) eliminates the proper attachment of POR

to thylakoids and decreases its catalytic activity.

Thus, the POR molecule is fixed on the membrane

with its C-terminal domain, but the position required for

catalytic function is controlled by the surface charge of

amino acids in the central part of the enzyme.

MULTIPLICITY OF CHLOROPHYLL

PRECURSOR FORMS in vivo

Heterogeneity of active pigment–enzyme complexes

of the chlorophyll precursor is also indicated by the pres-

ence in the active complex of various pigment forms dif-

fering either in molecule chemical structure (as detected

with extracted pigments) or in the state or condition of

pigments in the total complex. These distinctions become

evident during spectral investigations of whole cells or

isolated complexes.

Chemically Different Forms of Chlorophyll Precursor

Protochlorophyll and chlorophyll. As stated above

(see subsection “Substrate specificity of POR”), the

active complex of chlorophyll precursor includes mainly

the phytol-free pigment form, protochlorophyllide.

Already Godnev et al. [126] put forward the idea that the

phytol chain substantially hinders the binding of the

esterified molecule to the specific protein carrier.

Griffiths [43] demonstrated the crucial significance of

free carboxylic group at the 17th carbon atom for the for-

mation of pigment–protein complex. After esterification

of the propionate residue even by the small methyl group,

the pigment lost its capacity of binding to the protein. At

the same time, it was frequently reported that phytol-

esterified molecules of chlorophyll precursor are compe-

tent in photochemical reduction leading to chlorophyll

formation, even though the efficiency of this reaction is

low [59, 61, 66, 67, 127-131]. Therefore, it is reasonable

to suppose the existence of a minor pool of active com-

plexes comprising the phytol-esterified form of chloro-

phyll precursor. Interestingly, the esterified protochloro-

phyll is mainly located in prothylakoids [132].

The application of mass spectrometry and gas–liquid

chromatography made it clear that the esterifying alco-

hols can be also represented by phytol precursors, name-

ly, geranylgeraniol (GG; C20H33OH), dihydrogeranyl-

geraniol (C20H35OH), and tetrahydrogeranylgerani-

ol (C20H37OH) [133-137]. Protochlorophylls esterified by

various alcohols, known as phytol precursors, were isolat-

ed from etiolated seedlings of various plant species [136,

137]. In barley leaves, a part of GG-protochlorophyll can

be converted by light into GG-chlorophyll a [135].

Monovinyl- and divinyl-protochlorophyll(ide). Several

groups of authors [64-66, 138-141] established that both

pools of chlorophyll precursor (i.e. protochlorophyllide

and its esterified form) are heterogeneous: they comprise

both monovinyl- and divinyl-modifications of the chro-

mophore (not only monovinyl-protochlorophyllide, as

was supposed in earlier studies). These modifications differ

in the location of side vinyl groups in the molecule macro-

cycle. Monovinyl-protochlorophyllide contains the vinyl

group at the third carbon atom in pyrrole ring A, whereas

divinyl-protochlorophyllide contains two side vinyl groups

at the third and eighth atoms in pyrrole rings A and B. In

the molecule of monovinyl-Pchlide, the second vinyl

group at position 8 in the macrocycle is replaced with an

ethyl group. Mono- and divinyl-protochlorophyll(ide)s

were separated by means of thin-layer chromatography.

Mono and divinyl forms of protochlorophyll(ide)

differ in absorption spectra (or excitation spectra of fluo-

rescence emission) in the blue spectral region (in the
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Soret band). The monovinyl protochlorophyll dissolved

in ether at 77K exhibits the absorption peak at 437 nm

(with a minor satellite band at 443 nm); the divinyl-pro-

tochlorophyll form has an absorption maximum at

443 nm (with a shoulder at 451 nm) [64-66, 140]. Under

the action of light, both protochlorophyllide forms are

converted to different chlorophyllide forms differing in

the position of absorption bands in the blue spectral

region. Then, monovinyl- and divinyl-chlorophyllide are

converted in parallel dark reactions into corresponding

chlorophyll a forms that also differ in the positions of the

short-wavelength absorption bands [142].

The relative contribution of monovinyl- and divinyl-

components to the total pool of protochlorophyllous pig-

ments depends on the taxonomical classification of a

given plant species. Etiolated monocotyledonous plants

accumulate mainly monovinyl forms of the chlorophyll

precursor [65, 143]. Divinyl protochlophyll(ide)s are pre-

dominant in dicotyledonous species [143, 144]. Some

dicotyledons (cucumber, beans) produce both varieties of

protochlorophyllous pigments in approximately equal

amounts [143].

Twenty or thirthy years ago, many researchers

believed that divinyl pigments are the precursors of

monovinyl forms [131, 139, 145]. However, detailed inves-

tigations of Rebeiz and coauthors [64-67, 140, 141, 146,

148, 149] made it clear that both components of the

chlorophyll precursor pool in higher plants are synthesized

independently. The dark biosynthesis of the precursor is

realized through four parallel pathways (the branching

occurs at the stage corpoporphyrinogen) and results in

accumulation of monovinyl- and divinyl-derivatives of

Pchlide and protochlorophyll, which are reduced in the

light, resepectively, to monovinyl- and divinyl-chlorophyl-

lide and chlorophyll. Next, divinyl-chlorophyll is reduced

to monovinyl-chlorophyll. This reaction is catalyzed by 8-

vinyl reductase. In higher plants, all functional chlorophyll

belongs to the monovinyl form. Later, Rebeiz et al. sug-

gested even more complicated scheme [150] containing six

parallel pathways for the formation of chlorophyll precur-

sor molecule. Two additional pathways take their origin

from divinyl- and monovinyl-protoporphyrinogen esteri-

fied by the alkyl group with unknown carbon-chain length.

Both protochlorophyllide pools occurring in etiolat-

ed plants—the active pool (converted to chlorophyllide

under the action of light) and inactive pool—represent the

mixture of divinyl- and monovinyl-pigment forms in

approximately equal proportion [87]. The view was pro-

posed that chemically different chlorophylls synthesized

from different precursor forms might perform some spe-

cific roles in photosynthesis [149]; however, this hypoth-

esis has not been confirmed so far.

Thus, we can reasonably conclude that etiolated

plant leaves contain four main chemical varieties of

chlorophyll precursor, namely, protochlorophyll esteri-

fied with phytol at the 17th position, Pchlide, as well as

their divinyl- and monovinyl-forms. The active precursor

pool consists mainly of phytol-free Pchlide comprising

divinyl- and monovinyl-forms in the proportions deter-

mined by taxonomical position of the plant.

Spectrally Different Forms of the Chlorophyll Precursor

Absorption spectra of protochlorophyll(ide) in vivo

and in vitro are substantially different. The main red max-

imum of protochlorophyll is observed at 621-623 nm for

ether as a solvent and at 633-640 nm in pyridine [151,

152]. Under natural condition, i.e. in the intact etiolated

leaf, the red band of protochlorophyll absorption was

observed at 650 nm [151-154]. However, water

homogenates of etiolated leaf substance (colloid solutions)

exhibited the absorption peak at 635-636 nm [9, 10].

In the late 1950s, Shibata applied a special technique

of absorption measurements to light-scattering objects

and was the first to detect two red maxima in the absorp-

tion spectra of intact etiolated leaves at 636 and 650 nm

[155, 156]. Shibata assigned these peaks to different forms

of the chlorophyll precursor: the long-wavelength form

capable of photoconversion to chlorophyll (Pchlide 650)

and the inactive short-wavelength form. However, later

studies revealed that the protochlorophyll form having

absorption band at 636 nm is also capable of transforma-

tion to chlorophyll(ide), although the activity of this form

is lower than that of Pchlide 650.

Spectra of protochlorophyllide fluorescence in vivo

were successfully measured owing to deep-freezing of

plant material with liquid nitrogen, which retarded pho-

totransformations of Pchlide. This approach, first applied

by Litvin and Krasnovsky [157-159] for studying pig-

ments in etiolated and greening leaves, became a widely

used tool for exploration of properties and functions of all

photosynthetic pigments. The low-temperature fluores-

cence spectra of etiolated leaves were found to contain

the main maximum at 655 nm and a small maximum at

633 nm. In the long-wavelength region, small emission

peaks were recorded at 690 and 705-707 nm. Subsequent

studies of fluorescence spectra in etiolated leaves revealed

in addition a few smaller maxima in the red spectral

region. Six registered bands were located at 629-635, 655-

657, 674, 686-690, 712-713, and 725-728 nm [160-165].

The application of derivative spectroscopy methods

and mathematical deconvolution of spectra into individ-

ual Gaussian components led to identification of a few

additional bands in the absorption and fluorescence spec-

tra of etiolated leaves [166]. The bands at 669, 676, 686,

696, and 710 nm were observed in the long-wavelength

region of absorption spectrum and the peaks at 669, 686,

720-712, and 728 nm were detected in the fluorescence

spectra. The authors concluded that only one band

around 712 nm represents the vibrational satellite of the

main band at 656 nm. The decomposition of spectra into



PHOTOACTIVE PIGMENT–ENZYME COMPLEXES OF CHLOROPHYLL PRECURSOR 1467

BIOCHEMISTRY  (Moscow)   Vol.  72   No.  13   2007

a sum of Gaussian components showed that the full

assortment of protochlorophyll forms in vivo is the fol-

lowing: P633/628, P642/637, P655/650, P669/657,

P682/669, P692/675, P?/685, P?/697, and P730/711

(the slash-separated numbers represent the fluorescence

and absorption maxima, respectively). In later studies of

other researchers, the decomposition of spectral curves

into individual Gaussian components was applied for

characterizing the number and parameters of spectrally

different protochlorophyll forms. The results obtained in

these studies [132, 167-169] were basically consistent

with the previous data. Investigation of Pchlide spectral

forms in etiolated leaves of 12 plant species by means of

decomposition of fluorescence spectra into Gaussian

components allowed Boddi et al. [167] to infer the exis-

tence in taxonomically various etiolated plants of four

universal forms of protochlorophyllide, characterized by

fluorescence bands at 633, 645, 657, and 670 nm.

Figure 5 shows recent results [170] of a complex

spectral investigation of etiolated leaves from various

plant species (including mutants). Etiolated leaves of

these species, characterized by various proportions of

individual spectral forms, were examined on the basis of

their fluorescence spectra, fluorescence excitation spec-

tra, and the respective derivative spectra. The spectral

curves were decomposed into constituent Gaussian com-

ponents. The authors succeeded in distinguishing vibra-

tional satellites of the main Pchlide forms from the long-

wavelength bands attributed to individual Pchlide forms.

In addition to vibrational satellites in the long-wavelength

region (at 675, 684, 695, and 712 nm), five fluorescence

bands were revealed and assigned to different pro-

tochlorophyllide forms (at 666, 680, 690, 698, and

728 nm); the respective bands in the fluorescence excita-

tion spectra were at 658, 668, 677, 686, and 696 nm.

Based on these data, the list of protochlorophyllide forms

and their spectral parameters were ascertained. In com-

parison with previous work [166], additional Pchlide

forms—Pchlide 627/620 and Pchlide 646/640—were

identified in the short-wavelength region. The observed

correspondence between the absorption bands at 686 and

696 nm and fluorescence peaks at 697 and 728 nm led to

the recognition of Pchlide 697/686 and Pchlide 728/696

forms that remained unidentified in previous studies.

Thus, etiolated leaves contain three main spectral

forms of protochlorophyllide (Pchlide 633/628, Pchlide

643/637, and a dominant form Pchlide 655/650), as well

as five minor long-wavelength forms (Pchlide 666-

669/658, Pchlide 680-682/668, Pchlide 690-692/677,

Pchlide 698/686, and Pchlide 728/696).

Main spectral forms of protochlorophyllide. Three

main spectral forms of chlorophyll precursor are mani-

fested in different manners in the absorption and fluores-

cence spectra. The band at 628 nm in the absorption

spectrum of normal etiolated leaf is either unresolved

(owing to its superposition with neighboring absorption

bands) or is evident as a very weak shoulder. Since the

short-wavelength Pchlide 633/628 form is characterized

by very weak photoactivity at room temperature and is

incapable of phototransformation at freezing tempera-

tures, its absorption band at 628 nm turns clearly visible

in the absorption spectrum of light-exposed etiolated leaf

after the disappearance of two active Pchlide forms. The

band at 628 nm appears as a small peak in the derivative

absorption and fluorescence excitation spectra; it is also

evident upon the decomposition of these spectra into

constituent Gaussian components. In the short-wave-

length absorption region of Pchlide 633/628, the main

peak is positioned at 440 nm (Fig. 6).

a b

Fig. 5. Decomposition of low-temperature fluorescence spectra (b)

and fluorescence excitation spectra (a) of etiolated maize leaves

into Gaussian components. Dotted lines designate electronic tran-

sitions; dashed lines designate vibrational components. Spectra of

fluorescence excitation were measured for the emission at 740 nm

[170].

Fig. 6. Low-temperature (77 K) spectra of (a) fluorescence excita-

tion and (b) fluorescence emission for the main protochlorophyl-

lide forms that were measured on 7-day-old etiolated bean leaves

[194]. a) Fluorescence was recorded at 655 (1), 633 (2), and

642 nm (3); spectrum 3 was measured with the etiolated bean leaf

incubated for two days in the solution of δ-aminolevulinic acid

with the purpose of accumulating the Pchlide 643/639 form. b: 1)

Fluorescence spectrum for the 7-day-old etiolated bean leaf; 2)

spectrum of etiolated leaf incubated for two days in darkness in the

presence of 10 mM δ-aminolevulinic acid with the purpose of

accumulating the Pchlide 643/639 form.

Wavelength, nm

Wavelength, nm

a bF

F
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The short-wavelength form Pchlide 628/633 showing

no transformation during short-term illumination is con-

sidered inactive [167, 171]. However, in plants enriched

with this form, this Pchlide was slowly transformed into

chlorophyllide [172-175]. Our studies demonstrated that

this form is capable of conversion to chlorophyll only at

temperatures above 5°C [176]. Some evidence indicates

that the short-wavelength Pchlide form is the precursor of

the main photoactive form Pchlide 655/650 in the dark

pathway of pigment synthesis [21, 177, 178]. Specifically,

Griffiths [21] showed by means of differential spec-

troscopy that a 10-min incubation of isolated prolamellar

bodies from barley etioplasts in the presence of NADPH

at room temperature after preillumination ensured the

photoconversion of active protochlorophyllide form

Pchlide 655/650 and was accompanied by the decrease in

the content of Pchlide 633/628 with the parallel appear-

ance of long-wavelength forms absorbing at 640 and

650 nm. Analysis of action spectra for chlorophyll forma-

tion also indicated that the inactive short-wavelength

form, Pchlide 633/628 participates in this process

through its conversion to the main long-wavelength pho-

toactive form [179]. The Pchlide 633/628 form was

thought to represent the protochlorophyllide lacking spe-

cific link to POR [23, 42, 132]. On the other hand, it is

not excluded that the protochlorophyllide corresponding

to the short-wavelength form is bound to POR in such a

way that its activity is lost [49]. Supporting evidence in

favor of Pchlide 633/628 binding to protein comes from

the fluorescence lifetime of this Pchlide form. According

to a recent report [180], the fluorescence decay (decay

time of about 6 nsec) is significantly faster that the fluo-

rescence decay time for protochlorophyllide solutions

(around 10 nsec).

The protochlorophyllide form Pchlide 643/637 is

observed in absorption spectra (main peaks at 637 and

444 nm) but is virtually indiscernible in fluorescence

spectra. This results from highly efficient (nearly 100%)

excitation energy transfer from this form to Pchlide

655/650 [165, 181-183]. The band at 643 nm becomes

apparent in the spectrum of etiolated leaves after some

treatments (including the isolation of active

pigment–protein complexes) that disturb their native

condition and the effective energy transfer between pig-

ment molecules. This form accumulates in large quanti-

ties during incubation of etiolated leaves in the solution

of δ-aminolevulinic acid (see Fig. 6). The Pchlide

643/637 is the dominant form in etiolated leaves of some

plant species [184, 185]. In the subtracted fluorescence

spectra “light – minus – dark” [169], the negative max-

imum at 643-644 nm was only observed in very young

(before the fourth day) etiolated leaves. The exposure of

plants in darkness for longer periods enhanced the exci-

tation energy transfer form this Pchlide form to the main

long-wavelength Pchlide 655/650. The Pchlide 643/637

form is photochemically active; under the action of light

it is converted to chlorophyllide, even at rather low tem-

peratures, similarly to protochlorophyllide Pchlide

655/650. However, its photochemical activity in vivo

depends more strongly on temperature compared to the

photoactivity of the main active form, Pchlide 655/650

[176].

The main photoactive form, Pchlide 655/650, is only

observed in whole etiolated leaves. The short-wavelength

region of its absorption spectrum contains two bands at

448-450 and 460-462 nm (see Fig. 6). Upon the disrup-

tion of the leaf native state, the form Pchlide 655/650 dis-

appears concurrently with the increase in absorbance and

fluorescence of short-wavelength forms. The long-wave-

length peak position for active protochlorophyllide forms,

Pchlide 643/637 and Pchlide 655/650 results apparently

from binding of the chromophore to the enzyme POR

and hydrogen donor NADPH, as well as from chro-

mophore–chromophore interactions of pigment mole-

cules. This inference is supported by investigations of cir-

cular dichroism [186, 187], fluorescence polarization,

and excitation energy transfer [188]. The molecules of

Pchlide are thought to produce dimers [186] or tetramers

[188]. The pigment–pigment interaction is possibly due

to aggregation of chromophore-bearing protein mole-

cules (POR).

The state of cofactor NADPH seems also to affect

the spectral properties of active Pchlide form. The addi-

tion of NADP+ to illuminated preparations of etioplasts

or etioplast membranes (light treatment converts the

active protochlorophyllide form to chlorophyll) led to

accumulation in the subsequent dark period of an inactive

pigment form with the absorption maximum at 642 nm

and the fluorescence peak at 649 nm, whereas the addi-

tion of NADPH in darkness resulted in accumulation of

long-wavelength photoactive form of protochlorophyllide

with the absorption maximum at 650 nm and the fluores-

cence maximum at 655-657 nm [189-191].

Furthermore, a substantial role in production of the

long-wavelength form Pchlide 655/650 in vivo apparently

belongs to lipids of etioplast inner membranes that are

thought to promote the aggregation of pigment–protein

complexes (see below).

The protochlorophyllide Pchlide 655/650 transforms

to chlorophyllide under the action of light even at very

low temperatures (down to 190 K).

Two pools of active protochlorophyllide form, Pchlide

655/650. In our studies [192, 193], we proposed the exis-

tence of two pools of the photoactive protochlorophyl-

lide form, Pchlide 655/650. This view was based on

observations that a short-term illumination of etiolated

leaves at low temperature resulted in parallel formation

of two primary chlorophyllide forms. Recent studies pro-

vided direct evidence for the existence of two pools of

Pchlide 655/650 [169, 194, 195]. When the subtracted

“light-minus-dark” fluorescence spectrum was decom-

posed into constituent Gaussian components, it became
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evident that the fluorescence band of photoactive

Pchlide 655/650 forms comprises two components with

maxima at 652-653 and 657 nm [169]. The highest con-

tent of Pchlide 653 form accumulated in very young (2-

or 3-day-old) etiolated leaves, when the prolamellar

bodies were not yet formed. The accumulation of pho-

toactive Pchlide with the fluorescence maximum at

653 nm was also observed in leaves of plants grown under

normal photoperiodic (day/night) conditions after a pre-

liminary dark period [169], as well as in greening barley

leaves exposed to light for a few hours, when the pro-

lamellar bodies underwent destruction while the thy-

lakoids developed [174]. Based on these facts, the

authors supposed that the protochlorophyllide Pchlide

653 is bound to prothylakoids or thylakoids, unlike

Pchlide 655 that is bound to PLB. Ignatov and Litvin

[194, 195] also showed that the main active form, Pchlide

655/650 exists in two modifications having fluorescence

maxima at 653 and 655 nm and absorption peaks at 648

and 650 nm. The absorption spectra of these two forms

differ substantially in the blue spectral range: the short-

wavelength bands of these forms are positioned at 440

and 450 nm, respectively. It was proven that the short-

wavelength form of chlorophyll precursor, Pchlide

653/648, accumulates in very young seedlings and acts as

a precursor for nonfluorescent chlorophyll P680 of PS2

reaction centers [194, 195].

The main forms of chlorophyll precursor under dis-

cussion are found not only in etiolated leaves and at early

stages of greening [169, 196] but also in fully formed

green leaves [197, 198] (Fig. 7) and in dark grown

seedlings of gymnosperms [199].

Photoconversions of these forms observed on subse-

quent illumination provide evidence that the ongoing

chlorophyll synthesis in green plant leaves proceeds via

the same precursor forms as it occurs in etiolated leaves

[197, 198] (see Fig. 7).

Fluorescence-based studies of chlorophyll precursor

forms in whole leaves under physiological conditions.

Advances in studying the photochemical stages of chloro-

phyll biosynthesis in whole cells became possible owing to

sensitive methods of fluorescence measurements. The

obstacle inherent to fluorescence technique was that the

light required for fluorescence excitation induced also the

photoconversion of pigments. This problem was circum-

vented by deep freezing of the object (see above, section

“Spectrally Different Forms of the Chlorophyll

Precursor”). However, this approach had also some seri-

ous drawbacks, because the fluorescence measurements

cannot be accomplished on the same material, and

because fluorescence characteristics during the process

occurring at physiological temperature remained

unknown.

Quite recently, the sensitivity of the method was con-

siderably improved in our laboratory (Dubrovskii and

Litvin, unpublished data), which opened way to circum-

vent the aforementioned restriction. It became feasible to

measure fluorescence at very low irradiances, at which

the photochemical action of light was virtually absent

(Figs. 8 and 9). Owing to this technique, the photochem-

ical stage of the process was successfully investigated

under physiological conditions in the same sample during

the pigment conversions.

The authors examined fluorescence of the chloro-

phyll precursor active forms starting from the earliest

developmental stages of etiolated seedling (plants with yet

unopened cotyledons), when the dominant pigment form

is a short-wavelength protochlorophyllide with fluores-

cence maximum at 637-638 nm (Pchlide 638). It is seen

in Fig. 8a that the low-intensity light converts the Pchlide

638 form to the product whose spectrum is characteristic

of chlorophyll(ide). The additional high-intensity illumi-

nation initially increased fluorescence of the reaction

product. However, at longer and more intense irradiation

the fluorescence attained a certain limit, which can be

explained as a consequence of excitation energy transfer

to the photoproduct (this process competes with the pho-

toreaction). Remarkably, the fluorescence spectrum of

the produced chlorophyllide forms did not shift to the

long-wavelength region at very high irradiance (curves 3

and 4), although such shift was observed for the main pre-

cursor form having the fluorescence maximum at 655 nm.

This fact indicates that the short-wavelength precursor

form, Pchlide 638, participates only in one of two sequen-

tial photoreactions of the chlorophyll formation pathway.

Figure 8b shows changes in the fluorescence quantum

yield for the short-wavelength (638 nm) and the domi-

nant (655 nm) precursor forms that develop during accu-

Fig. 7. Accumulation and photoconversion of main protochloro-

phyllide forms in Hibiscus green leaves [198]. Spectra: 1, 2) low-

temperature (77 K) fluorescence spectra of green leaves that were

measured before and after 16-h incubation in darkness; 3) after

additional irradiation with white light, 103 W/m2; 4) after second

additional irradiation for 10 min with white light, 103 W/m2.

Wavelength, nm



1470 BELYAEVA, LITVIN

BIOCHEMISTRY  (Moscow)   Vol.  72   No.  13   2007

mulation of protochlorophyllide in etiolated seedlings.

The relative quantum yield of fluorescence for the short-

wavelength form decreased exponentially as the pigment

accumulation progressed. The fluorescence yield of the

long-wavelength form was substantially lower and

changed insignificantly during the accumulation of this

form. This observation is consistent with the inference of

excitation energy transfer, with the donor and acceptor

represented by the short-wavelength (Pchlide 638) and

the long-wavelength forms, respectively.

Thus, at the earliest stages of etiolated leaf greening,

the active form should be identified with the previously

unnoticed short-wavelength form having the fluorescence

maximum at 638 nm (Pchlide 638).

Figure 9 displays spectral changes in fluorescence

(a) and absorption (b) of etiolated leaves at a somewhat

later stage of etiolation, when the main chlorophyll pre-

cursor form with the fluorescence peak at 655 nm

becomes predominant. The comparison of absorption

and fluorescence spectra indicates that the quantum

yield of produced chlorophyllide forms undergoes

changes both in the course of photoreaction and in the

dark processes. The intense illumination is accompanied

by the spectral shift of photoproducts toward longer

wavelengths (cf. curves 3 and 5 in Fig. 9b). This shift sug-

gests the involvement of Pchlide 655/650 form (in con-

trast to Pchlide 638, see above) in both sequential pho-

toreactions at the terminal stage of chlorophyll biosyn-

thesis.
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Fig. 9. Comparison of fluorescence spectra (a) and absorption

spectra (b) during photoconversion of the main chlorophyll pre-

cursor form (Pchlide 655/650). Spectra were measured under

physiological conditions (25°C) on the same leaves (6-day-old

etiolated bean seedlings). 1) Initial spectrum of etiolated leaf; 2)

the same as 1 after 2-min illumination at irradiance 6.7 mW/m2;

3) the same as 2 after additional 5-min illumination at irradiance

200 mW/m2; 4) the same as 3 after 15-min incubation in dark-

ness; 5) the same as 4 plus 2-sec illumination at irradiance 100 W/

m2; 6) the same as 5 after 15-min incubation in darkness.
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Fig. 8. Fluorescence of short-wavelength form of the chlorophyll

precursor in bean leaves under physiological conditions (25°C).

a) Fluorescence spectra (excitation wavelength 445 nm) that were

measured on the same leaf: 1) initial spectrum of unfolded etio-

lated leaf; 2) the same as 1 after illumination for 2 min at irradi-

ance 6.7 mW/m2; 3) the same as 2 after additional illumination

for 5 min at irradiance 200 mW/m2; 4) the same as 3 plus 2-sec

illumination at irradiance of 100 W/m2; 5) the same as 4 after 15-

min incubation in darkness. b) Changes in the fluorescence quan-

tum yield during accumulation of the precursor in etiolated

leaves. The abscissa axis corresponds to the absorbance in the red

maximum. The ordinate axis shows the relative quantum yield of

fluorescence at 638 (1) and 655 nm (2).
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On the whole, preliminary spectral studies of etiolat-

ed leaf fluorescence during native photochemical trans-

formations at room temperature demonstrate the com-

plexity of processes occurring in the leaf, as compared to

the relatively simple operation scheme established for the

model systems.

ROLE OF PROTOCHLOROPHYLLIDE 

AGGREGATION AND POR AGGREGATION

IN FORMATION OF PHOTOCHEMICALLY

ACTIVE COMPLEX

Already in early studies [157], an assumption was put

forward that the active protochlorophyllide form, Pchlide

655/650, is an aggregate of pigment molecules. The

aggregated nature of long-wavelength forms is evident

from some spectral features. First, the spectral maxima of

these forms are shifted to longer wavelengths compared to

spectra of pigment solutions. The absorption and fluores-

cence bands for the active Pchlide 655/650 form are nar-

rower by a factor of 1.5-2.0 compared to those of Pchlide

633/628; this provides evidence for interactions between

the electron structures of chromophores [200, 201]. After

disaggregating treatments (moderate heating, addition of

organic solvents or detergents), the long-wavelength

spectral bands diminished or disappeared, while the

short-wavelength bands turned more pronounced [12,

157, 202-205].

The analysis of spectral properties of protochloro-

phyll(ide) in model systems, compared to spectral proper-

ties in vivo, also supported the proposition that the active

protochlorophyllide form is a pigment aggregate. Many

researchers noted the close similarity (or identity) in spec-

tral characteristics for the active protochlorophyllide form

and for the aggregates of protochlorophyllous pigments in

solutions [206-213]; the spectra of pigment aggregates in

solutions characteristically display a bathochromic shift of

absorption bands (including the Soret band). The coinci-

dent peak positions of the main Soret band for pro-

tochlorophyllide aggregates in vitro and of the band

assigned to active protochlorophyllide form Pchlide

655/650 in vivo (around 460 nm) provides evidence for the

aggregated state of Pchlide 655/650. The spectra of hard

layers of protochlorophyllous pigments (treated with

ammonia vapors) in the red region are also quite close to

the spectra of chlorophyll precursor in vivo [214-220].

The energy interaction characteristic of pigment

aggregates also applies to protochlorophyllide molecules

in etiolated leaves. This conclusion is supported by stud-

ies of fluorescence polarization, circular dichroism [187-

189], and excitation energy transfer [87, 165, 181-183,

221-225].

Thus, there is ample evidence that the photoactive

forms of protochlorophyllide in vivo exist in an aggregat-

ed state.

Since one POR molecule reduces only one pro-

tochlorophyllide molecule in the catalytic site [34, 49],

the active pigment–protein complex is thought to consist

of several active ternary complexes. Moreover, the dis-

tances between pigment molecules should be sufficiently

short to ensure excitation energy transfer by the inductive

resonance mechanism. Hence, the POR enzyme should

be capable of forming oligomers. The assumptions that

POR in vivo exists in aggregated state appeared in earlier

works too [227-229]. It should be noted that proteins

attributed to the superfamily RED are characterized by

the ability to form aggregates [37]. The major part of

enzymes from this family operates in the form of dimers

or tetramers. Investigation of POR in vitro established

that the aggregation of the enzyme is beneficial for its

enzymatic activity [226]. The fractionation of wheat PLB

by isoelectric focusing at different stages of greening clar-

ified that, even at the terminal stage of chlorophyll

biosynthesis, during Shibata’s shift, the pigment and POR

are associated in the same fraction [230]. The authors

supposed that the short-wavelength spectral shift at this

stage is related to the destruction of POR aggregates,

which results in disaggregation of the pigment. Using

cross-binding technique, Wiktorsson et al. obtained evi-

dence that prolamellar bodies contain POR in the aggre-

gated state, represented mainly by dimers [230]. Martin et

al. [226] applied gel filtration chromatography to study

purified MBP-POR total protein (maltose-binding pro-

tein-POR), which was obtained by overexpression of pea

POR in E. coli, and showed convincingly that the major

part of native pigment exists in the dimeric state [226].

Chahdi et al. [231] examined photoactive POR com-

plexes isolated from etiolated wheat leaves and purified

with gel chromatography. A large molecular mass of these

complexes (112 kD) together with spectral maxima of

absorption at 640 nm and fluorescence at 643 nm suggest

the aggregation of enzyme subunits. The use of compara-

tively low detergent concentrations for solubilization of

prolamellar bodies yielded heavy particles with molecular

mass of 1080 ± 250 kD whose spectral properties corre-

sponded to the main active form of protochlorophyllide

in vivo, Pchlide 655/650. In these complexes, POR was

the dominant polypeptide. The gel chromatography of

illuminated samples revealed rapid disaggregation of the

complex after the photoconversion of protochlorophyl-

lide.

According to some data [228, 231, 232], the pro-

tochlorophyllide Pchlide 643/638 is a dimer, while

Pchlide 655/650 should be a larger aggregate. This view is

supported by observations that the absorption and fluo-

rescence bands are narrower for Pchlide 655/650 than for

Pchlide 643/638.

Thus, the application of various experimental

approaches yielded evidence that the active ternary com-

plex Pchlide–NADPH–POR exists in the aggregated

state in the form of dimers or of larger size oligomers.
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Lipids seem to promote the aggregation of pigment–pro-

tein complex (see below).

The nature of long-wavelength spectral forms is sup-

posedly related to the occurrence of large aggregates of

protochlorophyllide. This notion is substantiated by the

presence of similar spectral bands for protochlorophyll

aggregated in model systems [207, 208, 210, 215, 233,

234] and for protochlorophyll in seed coats of some plant

species [235-238]. According to spectra of circular

dichroism, the seed coats contain the long-wavelength

protochlorophyll form in a crystalline form [237]. The

formation of protochlorophyllide aggregates is promoted

by aggregation of the photoenzyme POR, which facili-

tates the interaction of porphyrin rings of the pigment

molecules.

ADDITIONAL COMPONENTS ASSOCIATED

WITH ACTIVE PIGMENT–ENZYME

COMPLEX OF ETIOLATED LEAVES

In addition to the main components of the active

pigment–enzyme complex of etioplasts (protochloro-

phyllide, NADPH, and photoenzyme POR), other com-

ponents contribute to functioning of this complex in vivo.

Flavins as a component of active complex of chloro-

phyll biosynthesis. Data obtained with the use of optical

spectroscopy [239] and preparative techniques [240] indi-

cated that the photoactive complex comprises flavins

whose function is yet unresolved. Walker and Griffiths

[240] put forward a proposal about the flavin nature of the

POR coenzyme. This view was based on several lines of

evidence: (i) the POR activity was inhibited by quinacrine

and trifluoroperazine known as flavoprotein antagonists;

(ii) the preparations containing POR were able to reduce

cytochrome c; (iii) in membranes enriched with POR

content, FAD was coisolated together with the enzyme.

Nayar et al. [241] examined photoinduced interactions of

porphyrins and flavins in model systems. Based on the

data obtained, they supposed that flavins in vivo could act

as electron donors in the reaction of protochlorophyllide

photoreduction. Later Griffiths revisited his own view-

point on the presence of flavins in the active

pigment–protein complex [242]. He succeeded in isola-

tion of flavin-free POR that was able to catalyze photore-

duction of protochlorophyllide. Since the artificial com-

plex Pchlide–NADPH–POR was photoactive in the

absence of flavins, Griffiths concluded that flavins are not

constituents of the active complex in vivo. However, in

our opinion, the retention of POR activity for the purified

enzyme in vitro is insufficient evidence to conclude that

flavins are not involved in chlorophyll biosynthesis in

vivo, in whole etiolated leaves.

We investigated light-induced changes of fluores-

cence spectra in etiolated maize leaves at 77K for a wide

spectral range including the fluorescence maxima for

NADPH (470 nm) and flavins (525 nm) [239]. We

observed that the light-induced fluorescence quenching

of the active Pchlide form occurred concurrently with the

decrease of flavin fluorescence band. This was apparently

due to the photoreduction of flavin, because only oxi-

dized flavin is the fluorescent form. After increasing the

temperature, the accumulation of primary chlorophyllide

forms was paralleled by the rise in flavin fluorescence

(peak at 525 nm) to a level exceeding the initial fluores-

cence in darkened samples. This overshoot indicates the

increase in concentration of oxidized flavins. The results

of this work provide evidence for a possible involvement

of flavins in the primary photochemical reactions of pro-

tochlorophyllide photoreduction. The photoreduction of

chlorophyll precursor in vivo and in vitro might involve

different mechanisms. In our view, the current knowledge

is insufficient to fully exclude the role of flavins in organ-

ization and operation of the active pigment–protein

complex of protochlorophyllide in vivo.

Role of lipids in formation of active complex of pro-

tochlorophyllide. Reinbothe et al. [243] investigated the

influence of galacto- and sulfolipids extracted from barley

etioplasts on the spectral properties of in vitro created

artificial active complex composed of zinc pro-

topheophorbide a (ZnPPhea), and zinc protopheophor-

bide b (ZnPPheb), enzymes PORA and PORB from bar-

ley, and NADPH. The fluorescence spectrum of the lipid-

free complex had the main maximum at 630 nm. The

addition of the mixture of galacto- and sulfolipids shifted

the peak to 655 nm, the position characteristic of the

active complex in vivo. Apparently, lipids promote the

aggregation of pigment–protein complex. Klement et al.

[244] reached the same conclusion from studying the

influence of glycerol and chloroplast lipids on spectral

changes of artificial pigment–enzyme complexes.

Considering that monogalactosyl diacylglycerol and

digalactosyl diacylglycerol are constituents of the lipid

bilayer in prolamellar bodies [245], the authors of work

[244] selected these plastid lipids for the addition to arti-

ficial complexes composed of POR, NADPH, and zinc

protopheophorbide a. The addition of lipids shifted the

long-wavelength absorption maximum of the complex

from 628 to 646 nm. After illumination of the samples,

the authors noted the production of pheophorbide with

the absorption maximum at 678 nm; this maximum shift-

ed in darkness to 668 nm. The authors believe that their

data prove the involvement of these two lipid species in

the formation of active long-wavelength form of the

chlorophyll precursor in vitro and, possibly, in vivo.

Minor polypeptides as components of the chlorophyll

precursor native complex. The protochlorophyllide in

etioplasts is bound not only to POR but also to other

polypeptides with molecular masses of 70, 41, 17, and

14 kD [246]. For elucidating the biogenesis pathways of

photosynthetic apparatus, the finding was particularly

important that etioplasts contain polypeptides identical to
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the components of PS2 reaction centers [247, 248]. The

application of fast radioactive labeling method revealed

that darkened etioplasts contain minor quantities of virtu-

ally all principal apoproteins for the reaction centers of

both photosystems: P700, CP47, CP43, D2, and D1 [249-

251]. However, the accumulation of these apoproteins

commenced only upon illumination.

Based on numerous studies, one may conclude that

the active complex at the terminal stage of chlorophyll

biosynthesis includes the following principal compo-

nents: active forms of protochlorophyllide (Pchlide

655/650 and Pchlide 643/637), the photoenzyme POR

whose tyrosine group acts as a proton donor (for the posi-

tion C17), NADPH that serves as second proton

(hydride-ion) donor, and, possibly, flavins as electron

donors or carriers. Furthermore, lipids play an important

role in the formation of the active complex.

It is not excluded that some minor polypeptides dif-

ferent from POR, specifically protein constituents of the

two photosystems of photosynthesis, are also associated

with the active complexes of the chlorophyll precursor or,

probably, are included in the composition of some minor

active complexes. The HPLC analysis of photoactive

Pchlide–POR complexes isolated from wheat plants gave

grounds to infer a possible association of zeaxanthin and

violaxanthine with the photoactive complex of pro-

tochlorophyllide [231].

During the last few decades, significant results have

been obtained in studying the light stage of chlorophyll

biosynthesis. The composition of the complex was eluci-

dated where the photoreduction of dark-accumulated

chlorophyll precursor occurs. The complex comprises

three components: protochlorophyllide, NADPH as

hydrogen atom donor, and the photoenzyme protochloro-

phyll oxidoreductase (POR). The main properties of the

photoenzyme POR were determined, and the reaction of

protochlorophyllide photoreduction was reconstituted in

the model system, i.e. artificial ternary complex.

At the same time, elaborated spectral investigations

dealt with accumulation and reduction of the chlorophyll

precursor in intact plant cells and leaves have shown that

the process occurring in the cell is much more complicat-

ed than in the model systems. The heterogeneity of chloro-

phyll precursor forms, the differential pathways of their

transformation to chlorophyll, and the multistage arrange-

ment of photochemical and dark reactions [178] indicate

that the process results in production of several functional-

ly active pigment–protein complexes required for the con-

struction of photosynthetic apparatus. The results of inves-

tigations allow researchers to identify the pathways leading

to pigment incorporation into two different photochemi-

cal systems of photosynthesis. Hopefully, the next stage of

investigations will clarify the nature of heterogeneity for

native forms of chlorophyll precursor, the structure of

these forms, and their involvement in initiation of princi-

pal pigment–protein complexes of the photosynthetic

machinery. For resolving the nature of active complexes of

chlorophyll precursor, the study of these complexes in live

functional cells becomes particularly significant.

This work was supported by the Russian Foundation

for Basic Research, project No. 05-04-49377a.
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